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Early cementation or burial by lime mud crucial for organic matter preservation

Abstract
Understanding early organic matter alteration and preservation in marine carbonate-evaporite systems
could improve understanding of carbon cycling and hydrocarbon source rock prediction in such
environments. It is possible that organic-rich microbial mats are important contributors to preserved
hydrocarbons, and to explore this we examined changes in lipid composition in such a mat from a
mesohaline intertidal lagoon, eastern Qatar. The mat reaches > 5 cm thickness over a carbonate mud
substrate, rich in seagrass, gastropods and other small bioclasts. Clear lamination, with distinct
downward colour changes from green to pink to brown, reflects different microbial mat communities.
The layers contain spheroids of probable dolomite, the precipitation of which was plausibly
bacterially-mediated. Lipids [n-alkanes, fatty acids (FAs), hopanoids, isoprenoid hydrocarbons,
dialkyl glycerol diethers (DAGEs), and isoprenoid (0 to 4) and branched (Ia to IIIa) GDGTs] reflect
the diverse mat-building phototrophic, heterotrophic and chemoorganotrophic microorganisms, as
well as some likely allochthonous material (i.e. steroids, n-alkanols, high molecular weight nalkanes). The lipids clearly document the change in microbial community, with phytene being the
predominant hydrocarbon in the phototrophic surface layer. Oxygen and pH drop significantly 0.2 cm
below the mat surface, coincident with the predominance of Deltaproteobacteria and increased
concentrations of archaeal and bacterial glycerol dialkyl glycerol tetraether lipids andC15/C16 and
C16/C17 dialkyl glycerol ether lipids in the deeper layers. Archaeol, likely of methanogen origin, is
most abundant in the deepest layer. Allochthonous inputs occur throughout the mat, including
abundant steroids, especially dinosterol and dinostanol, that are possibly related to periodic algal
(dinoflagellate) blooms in the Arabian Gulf. Both n-alkanes and n-alkanols appear to be derived from
seagrass. Organic matter contents decrease in the deepest mat; this suggests an overall low
preservation potential of OM in intertidal mesohaline-hypersaline mats of the Arabian Gulf, which in
turn suggests that these are not the major source of hydrocarbons in microbially-dominated carbonateevaporite systems.
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1.   Introduction
Evaporitic environments are one of the most important sedimentary settings for organic
matter (OM) preservation, as evidenced by prolific hydrocarbon production from many
evaporite-carbonate formations (Warren, 2006 and references therein). This arises not only
from the unique reservoir properties of the depositional facies, but also from the production
and early diagenetic transformation of OM and mineral diagenesis (e.g. Gautier et al., 1985;
Wakeham and Ertel, 1988).
Emery (1956) and Evans (1966) showed that the organic carbon (OC) content of modern
evaporitic deposits in the Arabian Gulf ranges from 0.5 to 1.5 %. Vita-Finzi and Phethean
(1980) reported higher values, up to 3.34 %, for muds in the inlets of the Musandam
Peninsula near the entrance of the Arabian Gulf. Shearman and Skipwith (1965) suggested
that the mucilaginous jackets which surround most shallow-water carbonate grains could be
the source of much of the kerogen in carbonate rocks. Although Nitti et al. (2012) explored
the vertical changes in the microbial community in lacustrine stromatolites, only a few
studies have explored the vertical variation in bacterial and archaeal communities in zones of
carbonate and evaporite precipitation (Kenig et al., 1990; Kendall et al., 2002). Kenig et al.
(1990), together with Baltzer et al. (1994), analysed the OM in shallow-water lagoonal and
intertidal sediments in Abu Dhabi. Three different organo-sedimentary facies were
distinguished, with distinct organic signatures that persisted after burial and which are related
to the rate of change of sea level, substrate morphology and rates of sedimentation. Both
Kenig et al. (1990), and later Kendall et al. (2002), pointed out the source potential of these
microbial mats.
This study is a development of earlier data (Słowakiewicz et al., 2014) on the OM in
intertidal microbial mats from Mesaieed, eastern Qatar (Fig. 1), formed at the distal edge of a
mixed carbonate-evaporite system, with a view to giving a better understanding of the
biogeochemical interactions and OM composition in such environments. The first reports on
Qatar microbial mats were given by Illing et al. (1965) and Shinn (1972); however, these
early investigations focused only on organic mat descriptions. Recently, Al-Thani et al.
(2014) presented a more detailed microbiological description of a hypersaline microbial mat
from Um Alhool sabkha (just 1 km north of the site discussed here) and concluded that
halobacteria and eukaryotes were predominant in all mat layers. However, there is
uncertainty regarding early diagenetic changes in the OM composition of these mats and thus
the preservation potential of hydrocarbons.
We describe here the environmental setting of the Mesaieed microbial mats, integrating
detailed observations of their elemental, mineralogical, and optical microbiological
composition, as well as the shallow surface water and pore water hydrochemistry, to evaluate
how these control OC preservation. We evaluate the degree to which specific microbial
communities in the different layers of a microbial mat give rise to differences in lipid
biomarker distribution. Such profiling allows us to explore the primary generation of OM by
cyanobacteria and other phototrophs and the fate of these compounds on burial within an
environment rich in aerobic heterotrophs and sulphate-reducing bacteria (SRB), as well as
utilisation of microbial products such as sulphide by phototrophic purple sulphur bacteria and
autotrophic colourless sulphur bacteria. We also comment on the diagenetic degradation and
transformation of OM in the intertidal mesohaline mat system.
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2.   Geological and hydrological setting
The Qatar Peninsula lies at 25oN and extends northward into the Arabian Gulf from the
northeastern coast of the Arabian Peninsula (Fig. 1). The area experiences mild winters and
very hot humid summers. Although the mean annual temperature is only 25 ºC, in the
summer the mean daily temperature is commonly 30-35 oC, and during this period surface
temperature can exceed 50 oC. Although summers can be humid, the area is very arid, with a
mean rainfall of only 77 mm yr-1, much of which occurs as rare high intensity events (Lloyd
et al., 1987).
The Mesaieed sabkha is in the southeast of Qatar, to the south of Al-Wakra. It is the
northern part of Qatar’s largest coastal sabkha which extends southwards for ca. 60 km
towards the border with Saudi Arabia. It sits at the northernmost limit of the country’s
remaining mobile barchan dunes, at the transition between oblique and leeward coastlines
with respect to the dominant Shamal wind (Strohmenger and Jameson, 2015). The wind
sources the siliciclastic sediments which comprise the major part of the sabkha, although
detrital carbonate, shell material and pedogenic grain coatings also occur. The sabkha
consists of an onlap wedge of Holocene sediments up to 15 m thick, which have prograded
up to 6 km over Eocene carbonate strata of the Dammam Formation over the last ca. 6000 yr
(Strohmenger and Jameson, 2015). The Holocene sediments are in hydraulic continuity with
both offshore seawater and meteoric groundwater within the updip Eocene aquifer. Solar
insolation drives evaporation from the shallow water-table and generates sabkha pore-fluids
with salinity up to 300 ‰, from which pore-occluding and displacive gypsum is precipitated
(Whitaker et al., 2014).
At Mesaieed, the periodic generation of chenier beaches during the late stages of the
Holocene transgression resulted in the development of a series of spits extending south from
the northern edge of a topographic low in the Eocene bedrock (Strohmenger and Jameson,
2015). The seaward part of this spit system defines the modern coastal margin of the
Mesaieed sabkha. In a number of places, breaches of this low barrier have occurred, and the
sea has inundated the back-barrier area, forming protected low-energy lagoons and ponds. In
the Mesaieed area these are typically quite narrow (100-500 m), are elongated parallel to the
coastline and connect with the sea via narrow inlets with tidally-reversing currents. Tidal
variation in seawater head (1-2 m, Strohmenger and Jameson, 2015) gives rise to semidiurnal
flooding and draining of the lagoons with local seawater. Small ponds with a diameter of 5 to
30 m are located more distant from the tidal inlets and will be flooded less frequently.
In this part of the southern Arabian Gulf, restriction of seawater circulation and high
evaporation rate give rise to seasonal variation in seawater salinity, which in near-shore
environments proximal to the study site ranges from ca. 43 ‰ to 58 ‰. Within the lagoon the
salinity varies spatially, with complex temporal patterns at a range of scales. Hydrological
data from the sabkha indicate that the dominant direction of groundwater flow is from the sea
towards the middle part, driven by evaporative lowering of the hydraulic head (Whitaker et
al., 2014), so the lagoonal systems appear not to receive significant input of evaporated fluid
from the adjacent sabkha to landward.
The lagoons are fringed by low-growing halophytic vegetation, climaxing in the
development of narrow bands of mangrove (Avicennia sp.) near the top of the intertidal zone.
Away from these vegetated areas, the low-relief surface is mantled by dark-coloured
laminated cyanobacterial mats, which are best developed in the middle to upper intertidal
zone within ponded areas between shallow tidal channels. The mats, typically 4-6 cm thick,
are broken up into saucer-shaped polygons, the edges of which are upturned, tufted and
darker in colour. The mats are developed upon carbonate muds containing bioclasts (Fig. 2)
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and are in contact with the Mesaieed siliciclastic-carbonate sabkha at a depth of 4-6 cm. This
coastal depositional environment is repeated along parts of the Arabian Gulf coast (e.g.
Shinn, 2011), and comparable cyanobacterial mats have been described elsewhere from
similarly restricted, low-energy areas of the intertidal zone (e.g. Alsharhan and Kendall,
2003).
3.   Methods
3.1. Sample collection, description and preparation
Two representative mat samples were collected from within the intertidal zone of a
restricted back-barrier coastal lagoon at a location some 2 km northeast of Mesaieed (Fig. 1).
At the time of sampling the pond was isolated from the lagoon and the mat was submerged to
a depth of 5 cm. The upper 1 cm exhibited clear and sharp colour differences and included a
1-2 mm tufted green upper layer, underlain by a thin (1-2 mm) pink layer, a thicker (5 mm)
brown layer and beneath this a second thin (1-2 mm) pink layer (Fig. 2). The underlying unit
was brown to black and was differentiated into three rather thicker (1 cm) layers. The
shallowest (1-2 cm depth) was thick and pale brown; it was underlain by a layer which was
black with brown streaks (2-3 cm depth), and the basal layer unit was black (3-4 cm depth).   
The upper 5 cm of the underlying intertidal sediment is a pale coloured carbonate mud
containing plant debris and Cerithium and Monacha (gastropods) shells. The plant material
belongs to the seagrass species Halodule uninervis and includes rootlets. This is a common
species in the gulf, characterised by a high tolerance to extreme conditions of salinity (38-70
‰) and a temperature range of 10–39 °C. Pollen grains and leaf remains from this plant, in
various states of preservation, were abundant in the carbonate bed, as well as being scattered
within the layers of the microbial mat itself. The carbonate mud layer was rich in peloids and
contained more cerithid gastropods, as well as Ostracoda and benthic foraminifera, including
peneroplids, which are a typical seagrass meadow foram. Peloids several 10 µm in diameter
occur scattered within the mat. The substrate for the microbial mat may well have been a
seagrass meadow originally.
3.2. Hydrochemical analysis
In situ measurements of specific electrical conductance (SEC, ± 0.1 mS cm-1), pH (±
0.01), temperature (± 0.1 oC), and dissolved O2 (± 0.1 %) for the lagoon water overlying the
mat were taken using a Hach multi-parameter instrument at the time of the sampling in June
2013, and also on a subsequent visit in January 2014. The latter provided an opportunity for
subsurface characterization of pore waters, with in situ measurements at 1 cm depth intervals
through the mat, and into the underlying sediment to a maximum depth of 15 cm. Salinity
(PSU) was approximated from SEC using the relationship of Fofonoff (1985) extended to
high salinity. Depth integrated samples were collected from the shallow lagoon at the
sampling site, and mat pore water and sediment pore water were extracted under pressure in
the field using a series of 10 cm diameter cores in 1 cm depth increments through the mat to a
depth of 6 cm, and 3 cm increments below this. Local seawater was also sampled on a
number of occasions through the year, as part of a wider study of the updip sabkha (Whitaker
et al., 2014).
Alkalinity (as HCO3-) was determined using inflection-point (Gran) titration with 0.01 M
HCl (precision ±0.5 %). Samples for cation and anion analysis were filtered through 0.22 µm
membrane filters and stored at <4 ºC in high-density polyethylene (HDPE) bottles. All the
samples were weight diluted before being analysed for major cations (Na+, Ca2+, Mg2+, K+)
and anions (Cl- and SO42-) using inductively coupled plasma optical emission spectrometry
4

(ICP-OES) and UV-VIS spectrophotometry respectively. Analyses give a combined ion
balance error of 1.9 % ± 3.9 %. PCO2 and saturation indices (log IAP/K) for carbonate and
evaporite minerals were calculated with PHREEQC version 3 using the Pitzer equation for
calculation of solute activity (Parkhurst and Appelo, 2013).
A minimum of 2.7 ml of raw pore fluid sample from the mat was treated with 10 %
glutaraldehyde on the day of sampling to facilitate preservation of bacteria. The treated
sample was allowed to rest for 15 min in the absence of sunlight after staining with 5 % gold.
3.3. Microbiological analysis and mat description
A sample of the mat was frozen immediately after collection and maintained frozen in
transit to the University of Bristol. It was subsequently defrosted, dissected, again frozen and
freeze-dried prior to analysis. Using a dissecting microscope (Nikon SMZ645), a 5-cm thick
sample of the defrosted live mat was split into 7 transverse sub-sections, retaining the original
surface orientation and being of contrasting character (Fig. 2). Each was placed in a sterilised
Petri dish containing artificial seawater (ASW) made from a recipe supplied by the Culture
Collection of Algae and Protozoa (CCAP). The sub-sections were stored in an environmental
chamber at 21 ºC, day neutral i.e. 12 h light, 12 h dark. The mat sections were examined and
species identified using a light microscope (Nikon Labophot 2A). A number of biological and
geological staining techniques were applied in order to identify mineral inclusions within the
mat, using methods based on those described by Friedman (1959) and Lindholm and
Finkelman (1972). The obtained results were integrated with DNA and pyrosequence data
reported by Al-Thani et al. (2014) from microbial mats located 1 km to the north.    
3.4. Mineralogy
Titan Yellow, which stains grains red if they contain Mg (Tucker, 1988), was used on
selected mat samples. All powdered mat samples were analysed with X-ray diffraction
(XRD) to determine the mineralogy. Following the identification of dolomite (see later
section), the samples were prepared for scanning electron microscopy (SEM; JEOL
SEM5600 LV) by first dissolving out the OM using a 10-15 % sodium hypochlorite (bleach).
The residue was shaken and after a few s, when the coarser material had settled to the bottom
of the beaker, a small piece of glass (2 cm square) on a wire frame was lowered into the
beaker and the material still in suspension was allowed to settle on the glass. After 15 min,
when the solution was clear, the glass was removed and allowed to dry. The particles on the
glass were all < 5 µm, the typical maximum size of carbonate precipitated in microbial mats
(e.g. Bontognali et al., 2010).
3.5. Elemental and isotopic analyses
Elemental analysis was carried out on all dissected mat layers including the underlying
carbonate unit. Total carbon (TC) content (± 0.2%) was obtained from the powdered samples
using a EUROVECTOR EA3000 Elemental Analyser. Total inorganic carbon (TIC) was
determined (± 0.1%) as carbonate using a CO2 coulometer (a modified Strohlein Coulomat
702 Analyser). Total OC (TOC) values were calculated as the difference between TC and
TIC. Total S (TS) content (± 0.1%) was obtained with a CARLO ERBA NC2500 Elemental
Analyser, whereas total N (TN) analysis (± 0.1%) was carried out with a EUROVECTOR
EA3000 Elemental Analyser. Total P (TP, ± 0.05%) was determined with a UV/Vis
spectrophotometer.
Several preliminary carbon and oxygen isotope analyses were obtained for the carbonate
5

within the mat and the underlying lime sediment. The carbon and oxygen isotopic
compositions of carbonate carbon were determined using the following procedure: 100-200
µg powdered carbonate were placed into 4 ml glass vials and then sealed by a lid and
pierceable septum. The vials were placed in a heated sample rack (90 oC) where the vial head
space was replaced by pure He via an automated needle system as part of an Isoprime
Multiflow preparation system. Samples were then manually injected with ca. 200 µl H3PO3
and left to react for at least 1.5 h before the headspace gas was sampled with an automated
needle and introduced into a continuous-flow Isoprime mass-spectrometer. Duplicate samples
were extracted from each vial, and a mean value obtained for both δ13C and δ18O. Samples
were calibrated using the IAEA standards NBS-18 and NBS-19, and values are reported as ‰
on the Vienna Peedee belemnite (VPDB) scale. Reproducibility within runs was 0.09 ‰ for
δ18O and 0.05 ‰ for δ13C.
3.6. Lipid analysis
The freeze-dried samples (1-2 g) were ground using a glass mortar and pestle and
extracted using a modified Bligh-Dyer monophase solvent system containing buffered water
(0.05 M KH2PO4; pH 7):CHCl3:MeOH (4:5:10, v/v/v). CHCl3 and buffered water were added
to the supernatant to separate the organic phases from the solution. All extracts were
combined to yield the total lipid extract (TLE). An aliquot of the TLE was separated into
simple lipid, glycolipid and phospholipid fractions using silica column chromatography with
CHCl3:HOAc (99:1, v/v), Me2CO and MeOH, respectively (Dickson et al., 2009). The simple
lipid fraction was separated into neutral and free fatty acid (FA) fractions using silica column
chromatography with CHCl3 saturated with NH4OH and CHCl3:HOAc (99:1, v/v),
respectively. 5α-Androstane and hexadecan-2-ol (200 ng) were added to the neutral fraction
as internal standards. This fraction was separated into neutral apolar (containing
hydrocarbons) and neutral polar (containing n-alkanols, hopanols, sterols, stanols, bacterial
dialkyl glycerol diethers (DAGEs), archaeol, glycerol dialkyl glycerol tetraethers (GDGTs))
fractions by elution through an activated Al2O3 column with hexane/dichloromethane (DCM)
(9:1 v/v) and DCM/MeOH (1:2 v/v, respectively).
The FAs were methylated using BF3/MeOH (100 µl) at 70 oC for 1 h. The methyl esters
were extracted with DCM (3 x 2 ml) and the combined extracts dried under N2. The FA
methyl esters (FAMEs) were dissolved in DCM (ca 1 ml) and eluted through a pre-washed
anhydrous Na2SO4 column to remove residual water.
Phospholipid and glycolipid head groups were cleaved by way of acid hydrolysis of ester
bonds using 5 % HCl in MeOH, and the products were mainly phospholipid FAMEs
(PLFAMEs) and glycolipid FAMEs (GLFAMEs). An n-C19 standard was added to the FA,
phospholipid and glycolipid fractions and the solvent removed under N2.
All fractions (except the neutral apolar fraction) were derivatised with pyridine (20 µl)
and bis(trimethylsilyl)trifluoroacetamide (BSTFA; 20 µl, 70 oC, 1 h) to form trimethylsilyl
derivatives of hydroxyl moieties.
Neutral apolar fractions were analysed using gas chromatography-mass spectrometry
(GC-MS) with a ThermoQuestFinnigan Trace GC and MS instrument equipped with a nonpolar silica CP Sil5-CB column (50 m x 0.32 mm i.d., 0.12 µm film thickness) using the
following programme: 70 oC to 130 oC at 20 oC/min, then to 300 oC (held 10 min) at 4
o
C/min. The ionisation potential was 70 eV, with the scan range m/z 50-650. Acid-hydrolysed
glycolipid and phospholipid, free fatty acid and polar fractions were analysed with the same
GC-MS instrument equipped with a Varian Factor Four VF23MS column (60 m x 0.32 mm,
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0.15 µm) using the following programme: 70 oC to 130 oC at 20 oC/min, then to 250oC (held
10 min) at 4oC/min.
The polar, phospholipid and glycolipid fractions, containing GDGTs, were analysed using
high performance liquid chromatography-atmospheric pressure chemical ionisation-MS
(HPLC-APCI-MS; Thermo ACCELA LC-MS Thermo-Quantum Access MS instrument) and
separation with an Alltech Prevail CyanoColumn (150 mm x 2.1 mm; 3 µm i.d.), following
the method of Schouten et al. (2007). The injection volume was 15 µl and the elution gradient
was 99 % hexane and 1 % isopropanol, isocratically for the first 5 min, followed by a linear
gradient to 1.8 % isopropanol over 45 min, with a constant flow rate of 0.2 ml/min. Analyses
were performed using selective ion monitoring (SIM; m/z 1302, 1300, 1298, 1296, 1294,
1292, 1050, 1048, 1046, 1036, 1034, 1032, 1022, 1020 and 1018) to increase sensitivity and
reproducibility, and [M+H]+ ions were integrated. The column was re-equilibrated following
each analysis. The relative response ratio of the GDGTs to the internal C46 GDGT standard
was set at 1:1, allowing semi-quantitation.
3.7. Palynology
Mat samples were divided into two parts: 0-3 and 3-5 cm; an aliquot (10 g) of each was
treated with cold 36 % HCl to remove carbonate, and with cold 34 % HF to remove silicate.
The residuum was sieved at 10 µm on a nylon mesh, and separated from undissolved
particles using heavy liquid separation (ZnCl2+HCl; 2.0 g/cm3) and divided into two parts.
One was treated for 10 s with fuming HNO3, the second one was left untouched for analysis.
Both residues were studied for palynology using the light microscope.
3.  

Results and discussion
4.1. Hydrochemistry

Samples of shallow surface waters above the mat sampled in June 2013 and January
2014 had salinities 64.1 ‰ and 40.2-41.1 ‰, respectively, the former being significantly
elevated relative to samples of local near-shore seawater (40.6-48.8 ‰) reflecting the effect
of evaporation in the restricted lagoon (Fig. 3a). In situ subsurface measurements in June
2013 showed a linear reduction in salinity with depth, from 61.3‰ at 1 cm to 45.8 ‰ at the
base of the mat, which was 5-6 cm thick at the location of water sampling. Salinity in the top
10 cm of the underlying sediment was 40.7 ± 1.6 ‰ (n=8, data not shown). This excludes a
single anomalous reading of 32.2 ‰, which may possibly reflect the effect of antecedent
rainfall, although inland of the lagoon all shallow groundwater samples have salinity elevated
by shallow evaporation and dissolution of soluble salts (Whitaker et al., 2014).
The shallow water overlying the mat was highly alkaline, with pH 9.45 and 8.77-9.14 in
June and January, respectively, compared to 8.16-8.23 for the local seawater. It was also
characterised by very high daytime dissolved O2 (290 % and 159-205 % saturation; Fig. 3a).
This suggests that cyanobacterial photosynthetic activity at the surface of the mat modifies
the composition of overlying water, with strong drawdown of CO2 (PCO2 10-5.46 atm and 104.22
-10-4.82 atm compared to atmospheric equilibrium values of 10-3.32-10-3.60 atm) in the
nearshore seawater (Fig. 3b), and generation of a high level of O2 supersaturation (Fig. 3a).
Differences between the June and January measurements relate to the timing of sampling
relative to maximum solar insolation, as well as the degree of restriction, as indicated by the
salinity. Given the shallow water depth above the mat, water chemistry likely shows a
significant diel variation (Des Marais, 2003) and time of day likely exerts a strong control on
pH and dissolved O2; unfortunately we were not able to determine these parameters due to
access restrictions.
7

Despite extreme O2 supersaturation in the overlying lagoon water, dissolved O2 levels
declined dramatically in the very shallowest part of the mat, to 3.6 % at 1 cm depth and
reached the limit of detection (0.1 %) at the base of the mat (Fig. 3a), at which value it
remained through the maximum measured depth in the underlying sediment (data not shown).
Given the relatively large diameter of the probe, this suggests that the system was anoxic
beneath the surficial photosynthetic layer. The associated reduction in pH through the mat
was more gradual, but by 2 cm pH had dropped below that of seawater, and reached 7.62 at
the base of the mat. This trend continued within the sediment below, though with a more
gradual rate of reduction with depth, to a minimum of 7.51 at the base of the profile (data not
shown). This likely reflects the high CO2 production by microbial metabolic reactions. The
-2.86
atm by the base of the mat,
PCO2 of pore waters increases rapidly with depth, reaching 10
three orders of magnitude higher than the daytime PCO2 in the overlying lagoon water (Fig.
3b). Porewater in the sediment beneath the mat was also equilibrated with an elevated PCO2
of between 10-2.70 and 10-2.37 atm (data not shown).
This variation in PCO2 affects saturation index (SI) with respect to key carbonate
minerals (Fig. 3b). Surface water (daytime) above the mat was strongly supersaturated with
respect to aragonite, calcite and dolomite, in excess of values for local seawater. The HCO3alkalinity exceeded that of seawater, confirming the role of photosynthesis rather than
precipitation of carbonate minerals in controlling the drawdown of CO2. The maximum
HCO3- alkalinity was observed in the upper 1 cm of the mat, with a value of 3.99 mmol, some
2.6 times that of the overlying lagoon water and 1.5 times that in the remaining part of the
mat. Alkalinity then increased in the sediment beneath the mat to 3.45 ± 0.14 mmol at 15 cm
(data not shown). The maximum degree of supersaturation with respect to carbonate minerals
occurred in the uppermost sample from the mat (0-1 cm), reflecting the particularly high
alkalinity, despite the low dissolved O2 content. Beneath this, carbonate mineral SI declined
with depth and approached aragonite equilibrium in the sediment that underlies the mat, with
the sample from the pit in the siliciclastic sands beneath the pond being marginally aragoniteundersaturated. The dolomite SI followed a similar trend, varying over two orders of
magnitude, but all samples remained dolomite supersaturated. In contrast, all samples were
undersaturated with respect to gypsum (the dominant local evaporite mineral; Whitaker et al.,
2014), as well as all other evaporite minerals.
4.2. Microbiology and palynology
Previous sequencing (Al-Thani et al., 2014) revealed that in related mats and
throughout the mat profile, bacterial communities are dominated by Proteobacteria. However,
this work also revealed the presence of eukaryotic microorganisms in the mat, albeit at
subordinate abundances. Among the Archaea, Crenarchaeota dominate throughout that
profile, but Halobacterium are the most abundant with subordinate contributions from
Methanosarcinales and unidentified Euryarchaeota (Al-Thani et al., 2014). Here, we have
examined mat microbial structure using microscopic observations, providing complementary
insights. The surface of the mat to a depth of 0.2 cm was dominated by the cyanobacterium
Lyngbya aestuarii, which has long, unbranching filaments inside a rigid mucilaginous sheath
(Fig. 2). This non-heterocystous N2-fixing species is a common constituent of surface layers
of modern microbial mats in many hypersaline environments (e.g. Javor and Castenholz,
1981; Martinez-Alonso et al., 2004). Lyngbya has a pale brownish colour from the presence
of scytonemin, a pigment produced in the sheath, which provides protection against damage
by UV radiation (Proteau et al., 1993; Rath et al., 2012). Laminated mats with a surface layer
dominated by Lyngbya are common where the surface is periodically flooded then desiccated;
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this represents a pioneer mode of microbial mat, often characterised by relatively low species
diversity (Omoregie et al., 2004; Balskus et al., 2011).
Partially mixed with the Lyngbya was a dense green layer (0-0.2 mm) of Microcoleus
chthonoplastes, another non-heterocystous filamentous cyanobacterium. Both species are
photosynthetic and capable of N2 fixation. Microcoleus chthonoplastes also exhibits a variant
type of photosynthesis. It is capable of using H2S as an electron donor, which it can oxidise to
S2O32- (de Wit et al., 1988; Stal, 2012). Cyanobacteria in these upper few mm are the most
important primary producers and generate O2 enriching the overlying water and which can
diffuse into the upper few mm of the mat.
Microscopic examination revealed the phototropic purple sulphur bacterium Thiocapsa as
the major constituent of the 1 mm thick pink layer lying immediately below the oxic layer,
yet within the depth of light penetration. It is generally an anaerobic bacterium, using reduced
S as an electron donor during photosynthesis. It has spherical cells, 1-3 µm in diameter,
commonly forming tetrads; it typically forms mm-thick layers within microbial mats in
hypersaline locations (Martinez-Alonso et al., 2004), as observed here.
Beneath the strongly-laminated, surface oxic layers, from 0.3 cm to 2 cm, was a thicker
series of pink to pale brown layers with clearer laminae, within which Beggiatoa alba and
subordinate Alphaproteobacteria (0.3-0.8 cm) were found. Beggiatoa alba is a sulphuroxidising bacterium with colourless filaments and formed a white, translucent to opaque layer
at 0.8-1.0 cm depth, and also appeared to colonise fragments of plant debris in the mat.
Beggiatoa is typical of habitats with a high level of H2S, which is used as an energy source,
forming intracellular S droplets which are reduced to S2- under short-term anaerobic
conditions (Schmidt et al., 1987; Berg et al., 2014). This quite thick (10-150 µm diameter)
filamentous bacterium was surrounded by mucilage or extracellular polysaccharide (EPS). A
pale brown layer (2-3 cm) was dominated by Deltaproteobacteria with subordinate
Chloroflexi, Spirochaetes (Al-Thani et al., 2014), and the unicellular cyanobacterium
Synechococcus; Synechococcus has been reported to thrive in hypersaline solar ponds (Roux,
1996; Madkour and Gaballah, 2012) and high temperature (60-65oC) springs (Becraft et al.,
2011). The underlying dark layers (>3 cm depth) comprise empty bacterial sheaths and
deposits of orange/brown scytonemin, but more specific interpretation was not possible using
only visual approaches. It is likely that dominant organisms in these layers include
Thaumarchaeota (inferred from biomarkers, see Section 4.5.8), as well as
Deltaproteobacteria, Chloroflexi, and Spirochaetes (inferred from molecular analyses at a
nearby mat; Al-Thani et al., 2014). Using the Turnbull’s Blue staining method (Dickson,
1966) Fe2+ was found within the EPS surrounding the scytonemin.
Total bacterial counts in pore water samples from the mat averaged 1.7 ± <0.1 x 107
counts ml-1, and were marginally lower than those from water samples from the underlying
sediment (2.8 ± 1.7 x 107 counts ml-1).
Each layer of the mat yielded rich palynological material composed chiefly of seagrass
remains and structureless material associated with aquatic palynomorphs (data not shown).
Terrestrial palynomorphs occurred as single bisaccate pollen grains only. Structureless
organic particles can be either of plant and animal origin. Oxidized residuum was devoid of
structureless OM; no other quantitative and/or qualitative differences between samples
treated with HNO3 and those not treated with HNO3, were observed. Neither dinoflagellate
motile stages nor their cysts were found, but some subspherical forms devoid of apertures
might be of this affinity (see also Section 4.5.2).
In summary, we observed a strong vertical zonation of microorganisms that is common in
9

laminated microbial mat ecosystems and results from interactions between the steep
physiochemical gradients and physiology of the microorganisms. The colour contrast of the
lamination resulted from the different pigment composition of the varied microorganisms
comprising the mat, and could thus be used to define layers (Fig. 2). It is assumed, based on
previous work (Villanueva et al., 2007) that depth-related differences in structure are more
important than diel variations in controlling the distribution of microorganisms.
4.3. Mineralogy of particles within the mat
XRD of ‘whole-rock’ Qatari mat samples showed that calcite (both low and high Mg
calcite), dolomite and aragonite were all present, as well as gypsum, halite and quartz (data
not shown). In samples treated with sodium hypochlorite to remove the OM, and washed,
similar XRD profiles were obtained, but without the halite. The proportion of each mineral
did vary from mat layer to layer, but in most cases the intensity of the 104 dolomite peak was
close to that of the main calcite peak (100). The 015* ordering peak of dolomite (2.54A at ca.
35.4oCuKα) did appear to be present in some XRD plots, but was mostly weak or
unconvincing, such that the mineral could be a high Mg (50:50) calcite rather than true
dolomite (Gregg et al., 2015). Peaks of other minerals could have masked the ordering peaks
in some cases.
During the preparation of samples for the identification of the microbes, numerous white
1-5 µm size particles were observed within the mats, along with larger fragments of shell and
some quartz grains. Many of the micro-minerals scattered throughout the mat did take on a
red colour after Titan Yellow staining. This suggests that high-Mg calcite or dolomite was
present. These red grains appeared to be smaller (1 µm size), but more common, in the pink
layers, and larger and more obvious in the green/brown layers. These Mg-rich carbonate
crystallites occurred within the EPS gelatinous material of the mat, suggesting growth there.
Inorganic carbon isotope data were obtained for 3 samples from the mat and 2 sediment
samples from below (Table 1). The δ13C value for the mat carbonate from the surface layer
(0-0.2 cm) was -2.94 ‰, with values for underlying samples from 0.3-0.8 cm and 2-3 cm
being -2.04 and -1.93 ‰ respectively. These figures contrast with the δ13C values of the
underlying sediment, +1.61 and 1.49 ‰, which are typical marine values (Tucker and
Wright, 1990). The low negative values of the carbonate in the organic-rich mat samples,
particularly at the shallowest depth, could indicate microbial involvement in its precipitation,
providing 12C-rich HCO3-. The δ18O values for the mat varied from -2.08 at the surface to 0.08 ‰ at 1-2 cm, contrasting with 0.54 and 1.01 ‰ in the sediment below. These differences
likely reflect differences in water salinity and temperature (Fig. 3a).
SEM observation of mineral material extracted from mat layers and deposited from
suspension on to glass showed an abundance of spheroids in several layers. These structures
are subspherical to elliptical, mostly in the range 2-5 µm, with smooth outer surfaces (Fig.
4a,b). Some structures appeared to have amalgamated, and others occurred in clusters or
aggregates. These spheroids are strikingly similar to the ‘micropearls’ reported from Lake
Geneva (Jaquet et al., 2013), which are associated with EPS and picoplankton, including
Synechococcus. Other structures were elongate nested collections of hemispheres, creating
curious worm-like objects (Fig. 4c); these were probably permineralised halophilic bacteria.
Dumbbell structures were observed, up to 10 µm in length, occurring as individuals or again
in clusters (Fig. 4d). There are individual crystals, crystallite clusters, and crystal aggregates.
EDS revealed the presence of Ca2+ and Mg2+, but usually with Ca2+ in excess.
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4.4. Elemental analyses
TOC, TN, TS and TP contents in the Mesaieed mat sample are shown in Fig. 5 and Table
S1. TOC content was highest (9.8 %) in the surface layer and ranged between 8.6 and 9.6 %
in the upper 2 cm of the mat. TOC decreased to 4.6 % in the underlying darker layer (2-3
cm), though this was still significantly elevated compared with the TOC content of the
carbonate mud (ca. 1 %) beneath the mat. In a similar manner, TS (0.1 – 1.1 %) and TN (0 –
1.2 %) were highest in the surficial layer, and decreased with depth. However, the decline
within the upper 2 cm was much more marked, in particular for TS content, which decreased
to less than half that of the surface layer by 8 mm depth. TP ranged from 0.25 to 0.5 % and
was lowest in the surface layer, and highest just 1 mm below this, and then declined to 1 cm
depth. Below 1 cm and down to the bottom of the mat TP was relatively constant. C/N ratios
ranged from 7.7 to 9.3, with an overall increase with depth in the upper 2 cm of the mat.
Within the darker layer at 3-4 cm, it was significantly higher (14.6), almost 2x that at the
surface. In the underlying sediment TN was below the limit of detection (0.1 %), so the ratio
could not be derived, but must have been >10.
4.5. Biomarker characterization and inferred sources
The specific microbial communities in the different layers of a microbial mat give rise to
differences in lipid biomarker distribution (e.g. Boon et al., 1983; Boudou et al., 1986a,b;
Grimalt et al., 1992; Zeng et al., 1992; Bühring et al., 2009; Sherf and Rullkötter, 2009; Nitti
et al., 2012; Pagès et al., 2014; Blumenberg et al., 2015). Lipid biomarkers were analysed for
5 out of the 7 sampled mat layers (Fig. 2): the oxic photosynthetic surface layer (0-0.2 cm
depth), the light brown layer (0.3-0.8 cm depth) containing sulphur-oxidising bacteria and
Alphaproteobacteria, the distinct opaque layer immediately below this (0.8-1 cm depth)
containing a mix of Lyngbya, Thiocapsa, and Beggiatoa, the pale brown layer (1-2 cm depth)
containing Beggiatoa, the dark-brown layer (2-3 cm) containing Deltaproteobacteria,
halophilic bacteria and the cyanobacterium Synechococcus, and finally the dark layer (3-4
cm) containing Deltaproteobacteria, halophilic bacteria, Lyngbya, and Thiocapsa.
Hydrocarbons found in the neutral apolar fraction included n-alkanes, n-alkenes and
isoprenoids (Fig. 5). The major compounds in the neutral polar fraction included sterols and
stanols, represented predominantly by dinosterol and the C27 and C29 4-desmethyl sterols, as
well as hopanoids. Over 30 total fatty acyl structures were also detected in the PL, GL and
free FA forms; the former were the most abundant but all three fractions had similar
distributions. Additional bacterial lipids included DAGEs and branched GDGTs (brGDGTs)Ia to -IIIa (Schouten et al., 2013). Dominant archaeal lipids were represented by 2,3-di-Ophytanylglycerol (archaeol) and isoprenoid GDGTs (iGDGTs)-0 to -4 (Schouten et al., 2013).
4.5.1.   Alkanes, alkenes and isoprenoids
n-Alkanes, n-alkenes and isoprenoid hydrocarbons were detected in four layers (Fig. 6,
Table 2). The n-alkenes ranged from C17-C21, contained one or two double bonds and were
not detected below 0.8 cm. The n-alkanes ranged from C16 to C31 (Fig. 6) and total
concentrations ranged from 4 µg/g TOC (1-2 cm) to 16.7 µg/g TOC (0.8-1.0 cm). They were
dominated in the surficial layer by n-C17 (81% of total n-alkanes), a known cyanobacterial
biomarker (Han et al., 1968), which has also been identified in hypersaline microbial mats
(Grimalt et al., 1992; Fourçans et al., 2004; Rontani and Volkman, 2005; Wieland et al.,
2008; Sherf and Rullkötter, 2009).
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The concentrations and relative abundances of high molecular weight (HMW) n-alkanes
(C22 to C31) were lowest at the surface and increased with depth to a maximum at 0.8-1 cm
(14.05 µg/g TOC) but decreased at 1-2 cm (3.1 µg/g TOC) and were not detected in the
deepest samples below 3 cm. The series could be further characterized by the carbon
preference index (CPI), reflecting the ratio of odd/even n-alkanes:
CPI = (C23 + C25 + C27 + C29 + C31)/(C24 + C26 + C28 + C30)
CPI ranged from 0.5, with a maximum of 1.7 occurring at 0.3-0.8 cm.
Boudou et al. (1986a,b) noted for Polynesian microbial mats in shallow lagoonal ponds
that hydrocarbon concentration (4.7 to 7.5 µg/g TOC) was higher in the anaerobic than in the
top cyanobacterial layers. However, their reported values are much lower than ours. The low
CPI values of the HMW n-alkanes suggest that they were not derived from leaf wax, except
perhaps in part at 0.3 to 0.8 cm depth, but instead could be related to diagenetic processes
(Eglinton et al., 1962; Clark and Blumer, 1967) or allochthonous inputs of degraded OM,
either petroleum contamination, weathered kerogen or highly degraded soil.
Isoprenoid hydrocarbons were abundant in all horizons and included phytane, phytene,
phytadienes and squalene (Fig. 6), the last being discussed in Section 4.5.7. Phytane
accounted for 0.01-2.7 µg/g TOC with the highest concentration at 0.3-0.8 cm. Phytene
dominated the hydrocarbon profile at the surface, with concentration ranging from 0.1 µg/g
TOC, with a maximum of 11.2 µg/g TOC at 0-0.2 cm.
Abundant phytane has also been reported in the deepest layers of a Kiritimati hypersaline
microbial mat (Bühring et al., 2009). It is thought to be primarily derived from the phytyl side
chain of chlorophyll a or bacteriochlorophyll of phototrophic organisms (Volkman and
Maxwell, 1986). However, other possible sources include lipids of methanogenic (e.g.
Langworthy et al., 1982; Volkman, 1986; Rowland, 1990) and halophilic Archaea (Kates et
al., 1965; Nissenbaum et al., 1972; Anderson et al., 1977).
The rapid formation followed by decreasing concentration of phytene and phytadiene
with depth could be due to either the changing source of OM and/or degradation of phytol.
Rontani and Volkman (2005) also attributed the formation of phytene isomers in the coastal
hypersaline mats of Camargue to the biodegradation of phytol by sulphate-reducers.
Similarly, Bühring et al. (2009) reported a high abundance of phytene in deeper layers of a
Kiritimati hypersaline microbial mat and interpreted it as a diagenetic product of the phytol
side chain of chlorophyll or bacteriochlorophyll (Volkman and Maxwell, 1986).
No highly branched isoprenoid alkenes (HBIs) characteristic of diatoms (C20, C25 and
C30) were found, although C20, C21 and C22 HBIs have been reported in Abu Dhabi microbial
mats (Kenig et al., 1990; Sinninghe Damsté et al., 2005).
4.5.2.   Steroids
Fig. 7 shows a partial ion current chromatogram of the polar fraction for the 0.8-1.0 cm
layer from the Qatar intertidal microbial mat, showing the range of hopanols, sterols and also
n-alkanols. 4α,23,24-Trimethyl-5α-cholest-22E-en-3β-ol (dinosterol) was one of the most
abundant compounds and predominant among the stanols and sterols (Table 2). The
concentrations of total 4-desmethyl C27-29 sterols decreased within the first mm of the mat but
remained rather constant in deeper layers; stanol concentrations were more variable with a
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peak at 2-3 cm. These profiles differed that of dinosterol (0.4-13 µg/g TOC), which was
relatively high throughout the mat except at 1-2 cm (0.4 µg/g TOC; Fig. 7a).
It is very likely that marine organisms (algal phytoplankton) are the major contributors of
C27-29 sterols and stanols to the mats. This is confirmed by abundant dinosterol and 4α,23,24trimethyl-5α-cholestan-3β-ol (dinostanol), both of which are produced almost exclusively by
dinoflagellates (Robinson et al., 1984; Volkman et al., 1999). A high concentration of
dinosterol may be related to periodically increased productivity of marine algae during red
tides, which are common in the Arabian Gulf (Richlen et al., 2009). The dinoflagellate
responsible for red blooms in the Arabian Gulf is Cochlodinium polykrikoides (Richlen et al.,
2009, Hamzehei et al., 2013) belonging to the family Gymnodiniaceae, comprising three red
tide producing genera - Cochlodinium, Gymnodinium and Gyrodinium. Pirretti et al. (1997)
reported the presence of dinosterol and dinostanol in Gymnodinium and it is possible that
Cochlodinium can also biosynthesize dinosterol and dinostanol and serve as their source in
Mesaieed mats. However, neither motile nor cyst stages of these species were found (data not
shown). Lack of dinoflagellates in the Mesaieed mats could indicate that these forms, if
present during their accumulation, underwent subsequent bacterial decay, presumably during
early diagenesis. Theca of dinoflagellate motile stages are built of cellulose, which is readily
biodegradable. Cyst stages, particularly hypnozygotic resting cysts, in many species are
comprised of much more resistant biopolymer, dinosporin, the reason that cysts are so well
preserved as fossils (most fossil dinoflagellate cysts are hypnozygotic cysts). However, a
majority of modern dinoflagellate species produce non-fossizable cysts and only 13-16 %
have resting cysts (e.g. Head, 1996 and references therein).
4.5.3.   Alcohols
C18-C30 n-alkanols were detected in the polar fraction (Fig. 7). They were most abundant
in the surface layer (Fig. 8b) with C28 being the dominant homologue (Fig. 7). Nichols and
Jones (1985) reported HMW alcohols in tropical seagrass, and given the wide presence of
seagrass leaves in the mat we assign the C22-C30 n-alkanols to them. Interestingly, HMW nalkanol concentrations tracked those of HMW n-alkanes (Fig. 8b), suggesting a similar
source (see Section 5).
4.5.4.   FAs
The distributions of PLFAs, GLFAs and the free fatty acids FAs (FFAs) strongly
resembled each other, although the first contained the greatest variety. Overall, the FFAs
made up a minor portion of total FAs, which are instead dominated by components in the
PLFA and GLFA fractions. The total concentration of FAs was highest in the surface layer of
the mat and generally decreased with depth to uniformly low values below 1.0 cm (Fig. 7c-e).
In contrast, hydroxy (α-OH, C16-C26 and β-OH, C14-C18) FAs were most abundant in the
deepest layers of the mat.
The PLFA distribution was the most complex, comprising 32 saturated, branched, and
monounsaturated components, ranging from C14-C28. Saturated and monounsaturated FAs
were predominant, whereas branched FAs were least abundant (Fig. 7c-e). n-Hexadecanoic
acid was dominant in all of the samples and fractions, typically followed by a C18
monounsaturated FA. The iso and anteiso acids possibly derive from gram-positive and
sulphate-reducing bacteria in the mats (Grimalt et al., 1992; Findlay and Dobbs, 1993),
consistent with our optical identification. α-OH FAs have been reported in many bacteria,
protozoa and yeasts (Zelles et al., 1995). β-OH FAs are associated with the
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lipopolysaccharides of gram-negative bacteria, but can also be present as the fatty acyl
components of phospholipid FAs (Zelles, 1997).
4.5.5.   Hopanoids
Hopanoids were detected in the apolar, neutral polar, phospholipid and glycolipid
fractions, although we note that additional hopanoids likely occurred as
bacteriohopanepolyols (BHPs), which were not analysed. In the apolar fraction, hopanoids
were represented by diploptene [hop-22(29)-ene] and minor hopenes. The concentration of
diploptene generally increased with depth, reaching a maximum of 6.1 µg/g TOC at 0.8-1
cm, before decreasing somewhat at 2-3 cm (Fig. 8f, Table 2). It occurs in a range of bacteria
(Rohmer et al., 1984; Jahnke et al., 2004).
Hopanols (C30-32, with C31 and C32 dominant) and an unidentified hopanoid, the most
abundant of all compounds, occurred in the neutral polar fraction (Fig. 7, 8f). The
concentration of hopanols also increased with depth, reaching a maximum of 2.4 µg/g TOC
at 0.8-1 cm (Fig. 8f, Table 2), whereas an unknown hopanoid was detected at 0.8-3 cm. The
increase in hopanol and diploptene concentration with depth likely arises from the bacterial
community changes, with bacteria in the subsurface layers producing more hopanols than
surface-dominating cyanobacteria.
Bishomohopanoic acid (17β,21β; C32) occurred in the free acid fraction and was liberated
via hydrolysis of the phospholipid and glycolipid fractions. In all fractions it only occurred in
the deepest dark-brown anoxic layers (2-4 cm) and we attribute it to Deltaproteobacteria
thriving at this depth or diagenetic degradation of BHPs.
4.5.6. DAGEs
Two non-isoprenoid DAGEs (C15/C16 and C16/C17 branched alkyl components) were
detected in the phospholipid and neutral polar fractions. In the latter fraction, however,
structural assignment was tentative due to co-elution with other compounds. Interestingly,
both DAGEs occurred at 2-4 cm, i.e. in the darkest and deepest mat layers (Fig. 8f). Nonisoprenoid DAGEs have been detected in hydrothermal environments (Zeng et al., 1992;
Jahnke et al., 2001; Pancost et al., 2005, 2006; Bradley et al., 2009; Kaur et al., 2011;
Hamilton-Brehm et al., 2013), upper Pliocene iron sulphide nodules (van Dongen et al.,
2007), and diverse marine sediments (Hinrichs et al., 2000; Pancost et al., 2001; Blumenberg
et al., 2004; Arning et al., 2008; Hernandez-Sanchez et al., 2014). Here, given that the peak
concentration of DAGEs corresponded to the presence of sulphate-reducing bacteria, we
suggest that these are the source, as has been inferred in settings dominated by anaerobic
oxidation of methane (Hinrichs et al., 2000; Pancost et al., 2001; Blumenberg et al., 2004),
and consistent with their recent identification in a mesophilic strain of Deltaproteobacteria
(Grossi et al., 2015, Vinçon-Laugier et al., 2016).
4.5.7. Archaeol and squalene
Archaeol was detected in most layers of the Mesaieed mat (Fig. 8g); it is a DAGE
comprising two C20 isoprenoid alkyl chains, and is derived from, and widespread in, Archaea
(DeRosa and Gambacorta, 1988). As such, it has been found in diverse settings, including
geothermal sinters (Pancost et al., 2005, 2006; Kaur et al., 2015), microbial mats (Bühring et
al., 2009), hypersaline settings (Jahnke et al., 2008; Bray et al., 2012), cold seep sediments
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(e.g. Hinrichs et al., 2000; Pancost et al., 2001; Zhang et al., 2003) and peats (Pancost et al.,
2011; Zheng et al., 2014). In the Mesaieed mat, the concentration was highly variable with
depth, ranging from 0.004 µg/g TOC to 0.48 µg/g TOC. Although it is commonly suggested
to be derived from methanogens (Weijers et al., 2004; Pancost et al., 2011), its widespread
phylogenetic occurrence dictates caution in this interpretation. In general, archaeol
concentrations are low and then increase in the deepest mat layer.
Squalene was detected in all mat layers and is among the most abundant hydrocarbons in
several. It is commonly invoked as an archaeal lipid (Holzer et al., 1979; Tornabene et al.,
1979; Brassell et al., 1981). However, it is also a precursor of triterpenoid biosynthesis and
commonly reported in cyanobacterial mats (Boon et al., 1983; Dobson et al., 1988; Rontani
and Volkman, 2005; Sherf and Rullkötter, 2009; Allen et al., 2010) and cultures (Gelpi et al.,
1970). In the Mesaieed mat, its concentration depth profile (Fig. 8g), increasing with depth
within the upper part of the mat, reaching 6.4 µg/g TOC at 0.8-1 cm and then rapidly
decreasing in deeper mat layers, being undetected below 2 cm, parallels those of neither
archaeal nor bacterial lipids suggesting a complex, potentially mixed source.
4.5.8. GDGTs
GDGTs, released by acid hydrolysis of the glycolipid and phospholipid fractions, were
present in all layers (Fig. 9). The dominant GDGTs were the branched components Ia, IIa and
IIIa (Fig. 9). The abundance of branched GDGTs was slightly variable from layer to layer but
generally was highest at 0.8-1 cm.
The dominance of branched GDGTs suggests a substantial allochthonous terrestrial
component. Alternatively, GDGT-Ia-IIIa derive from the mat-forming bacteria, possibly from
anaerobic Acidobacteria indigenous to the mats (Weijers et al., 2009, 2010; Sinninghe	
 
Damsté	
 et al., 2011). This is consistent with in situ production of branched GDGTs in other
marine sediments (e.g. Zhu et al., 2013), and hot spring settings (Hedlund et al., 2013; Zhang
et al., 2013).
The isoprenoid GDGT distributions are unusual for marine sediments (i.e. Schouten et al.,
2013), suggesting that some or all were produced within the mat. GDGT-0 occurred in all
horizons and its concentration was particularly high at the bottom of the mat. Isoprenoid
GDGTs-1-3 exhibited similar depth profiles, with significantly higher concentration at 4 cm.
Crenarchaeol, bearing a cyclohexyl moiety in addition to four cyclopentyl rings and derived
predominantly or exclusively from Thaumarchaeota (Schouten et al. 2013), was absent from
the top layer (0-0.2 cm) and most abundant at 0.8-1 cm.
The high abundance of GDGT-0 (the highest in the bottom layer) and the presence of
crenarchaeol suggest GDGT sources from methanogens and Thaumarchaeota, respectively.
Crenarchaeol has been detected previously in microbial mats (Zhang et al., 2006; Schouten et
al., 2007) and could derive from either in situ organisms or allochthonous inputs of marine
organisms; its absence in the top layer suggests the former. Although GDGT-0 is widespread
in Archaea (Schouten et al., 2013) it likely derives from methanogens, especially in the lower
layer, where its abundance is particularly high. The iGDGT-1-3 compounds could derive
from a range of sources, but we exclude allochthonous Thaumarchaeota because the
abundance of these GDGTs is much higher than that of crenarchaeol.
5.   An integrated perspective on mat formation and diagenetic processes
The composition of mat species and the biogeochemical processes occurring in mats vary
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in response to changes in salinity, water cover, light intensity and temperature (e.g. Jørgensen
et al., 1979; Revsbech et al., 1983; Canfield and Des Marais, 1993; Denich et al., 2003; Des
Marais, 2003). It is probable that the dominant controls on the development of the Mesaieed
mat in this setting were deposition and remobilization of sediments which determine the
micro-bathymetry within the lagoon, as well as the morphology of the chenier beach and
breaches in this barrier. These factors influence the frequency and depth of tidal flooding and
the degree of restriction, and therefore salinity and temperature, all important factors
controlling biomass productivity and ecology of the mat.
5.1. Surficial layer
The surficial layer (0-0.2 cm depth) is dominated by heterotrophic cyanobacteria,
Proteobacteria, Halobacteria, high porewater O2, salinity and alkalinity, and high TOC
content. Consistent with a dominance of cyanobacteria were high concentrations of phytene
and n-heptadecane. Concentrations of FAs in all fractions (and crucially, PLFAs) were also
highest in the surface horizon, suggesting that total bacterial biomass was also highest and
declines or degrades with depth. Sterol concentrations were also highest, suggesting strong
allochthonous inputs; high C/N values suggest that some of these could be from terrigenous
plants or seagrass (Table S1). The seagrass source of OM is also suggested by the highest
concentrations of HMW n-alkanols in this layer. Both the δ13C and δ18O values of the
carbonate precipitates in the mat were low compared with typical marine values and more
negative than the carbonate sediment underlying the mat (Table 1). These observations are
attributed to a strong microbial involvement in carbonate precipitation, and the relatively high
temperature of pore fluid, respectively.
5.2. Sub-surficial layers
A decline in microbial biomarkers, especially fatty acids, occurred at 0.2-0.3 cm depth,
with many biomarker concentrations being below the detection limit. With the rapid
consumption of dissolved oxygen in porewaters, anaerobic purple sulphur bacteria were most
abundant. Therefore, this depth apparently marks the transition from photosynthesis to
heterotrophy and an enhanced S cycle, represented by decreasing cyanobacteria and the
occurrence of purple sulphur bacteria and Beggiatoa.
In general, deeper layers 0.3 to 2 cm, are associated with highly variable biomarker
abundances, which we attribute to a combination of factors but predominantly to pulses of
allochthonous inputs of organic matter into a mat being progressively degraded by
heterotrophic processes. The latter was reflected by the ongoing decrease in fatty acid
concentrations through these horizons as well as the steady increase in PCO2, likely due to
respiration, and an associated decrease in carbonate mineral SIs (Fig. 3).
At 0.3 to 0.8 cm and 1-2 cm depth, the concentrations of hopanoids, stanols n-alkanes, nalkanols, and squalene were all relatively high, and CPIs were the highest for the entire mat;
dinosterol and n-alkyl lipids were particularly abundant in the 1-2 cm horizon (Fig. 8).
Overall, this suggests relatively fresh and abundant OM derived from both microorganisms
and especially allochthonous inputs. Consistent with this, the layers were populated by
sulphur-oxidizing and purple non-sulphur bacteria, as well as abundant seagrass remains.
(Fig. 8b), perhaps suggesting a seagrass source.
The mat composition was significantly different at 0.8-1 cm. This portion of the mat was
dominated by a mix of cyanobacteria (which have either migrated down within the mat or are
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reworked or buried dead cells), purple sulphur bacteria, sulphur-oxidising bacteria, and
dinoflagellates (Fig. 2, Table 2). Consistent with this, the horizon was characterised by
abundant bacterial biomarkers (hopanols, hopanes, hopenes and an unknown hopanoid),
squalene and crenarchaeol, as well as allochthonous biomarkers, including both GDGT-IaIIIa, dinosterol and n-alkyl lipids. However, ongoing diagenetic degradation resulted in lower
concentrations of chlorophyll-derived isoprenoids and sterols (other than dinosterol). C/N
ratios were also elevated; although this could be related to seagrass inputs, visual analyses
suggest that these were lower in this horizon. An increase in C/N ratios was also observed by
Wieland et al. (2008) in a Salin-de-Giraud hypersaline mat; this could be the result of an
increasing contribution of high carbon content bacterial cell remains and EPS (amorphous
organic matter) that tend be buried and preferentially preserved.
In these horizons, the biomarker distribution also records more nuanced aspects of OM
degradation. These layers were characterised by the highest (but variable) concentrations of
hopanoids (Fig. 8f, Table 2), which could partly reflect their formation from more complex
BHPs. Although sterol concentrations were low, stanol to sterol ratios were high (Table 2,
Fig. 8a), perhaps reflecting their formation via reduction (Wakeham, 1989 and references
therein).
Crucially, the chemical and mineralogical features of this horizon appear to have been
dominated by diagenetic processes. Salinity, temperature and saturation indices of all
carbonate minerals and gypsum further decreased through this interval (Fig. 3a,b), but
dolomite remained supersaturated (SI ca. 2). This is consistent with the occurrence of
spheroids, dumbbells and crystallites (Fig. 4) composed of calcium carbonate with variable
magnesium. Moreover, their close association with the gelatinous EPS suggests that the
precipitation of carbonate (and possibly dolomite) was mediated by microorganisms, which
in some cases may have been permineralised (Jaquet et al., 2013; Paulo and Dittrich, 2013;
Bontognali et al., 2014).
5.3. Deepest mat layers
The deepest layers of the mat (2-5 cm) were characterised by a near complete
consumption of O2 via the degradation of OM, with the latter reflected in the continued
decline in TOC content and FA concentrations. Consistent with this, these layers were
dominated by anaerobic heterotrophs (Fig. 2). The presence of cyanobacteria at this depth
(Fig. 2) suggests that this deeper mat material included altered old OM that was originally the
same as at the top of the mat, but the very low abundance of associated biomarkers (i.e.
phytenes, FAs) confirms that much of this primary OM had been remineralised. Interestingly,
C15/C16, C16/C17 DAGEs and homohopanoic acids occurred only in this layer (Fig. 8f) and
were potentially derived from the sulphate-reducing bacteria (Deltaproteobacteria). Archaeal
lipids, archaeol and GDGT-0, were also most abundant at 2-3 cm depth (Fig. 8g, 9)
suggesting that at least some OM degradation occurs via methanogenesis. Intriguingly, some
biomarker diagenetic products, including geohopanoids and n-alkanes were less abundant
than in the overlying layer, perhaps indicating that the concentration was diluted by mixing of
mat OM with the underlying substrate. Salinity, pH, and temperature decreased with depth,
and the high PCO2 limited the potential for carbonate precipitation. Nonetheless, carbonate
was still present and low negative δ13C values indicate a continuing microbial involvement in
precipitation. Carbonate δ18O values were less negative than nearer the surface, possibly due
to precipitation from water with a lower temperature.
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5.4. Overview
Overall, mats in these settings appear to represent a significant but spatially
heterogeneous accumulation of bacterial OM, driven in the case of the Mesaieed mat by
bacterial photosynthetic processes. However, this OM appears to be rapidly altered and
degraded. The mat is also characterised by abundant allochthonous seagrass, algal and
dinoflagellate inputs, but these appear to be concentrated in only some horizons, suggesting
an episodic nature to their inputs, perhaps via algal blooms in the case of dinoflagellates and
rainfall events in the case of seagrass. The relatively small pool of hydrocarbons (37-69 µg g1
TOC per layer) and high degree of OM degradation suggest very low OM preservation
potential of these mesohaline mats in the Arabian Gulf, even though the initial
bioproductivity is high.
Crucially, biological processes exert a strong control on the carbonate geochemistry of
mats. Photosynthesis in the shallowest layers removes CO2 resulting in supersaturation with
respect to both calcium carbonate and dolomite. This drives the precipitation of perhaps both
carbonate minerals. It is possible that in more mature mats, such precipitates could protect cooccurring OM from further degradation and could facilitate its preservation (Bontognali et al.,
2010). It is suggested that in some situations early carbonate precipitation within an intertidal
meso- hyper- saline microbial mat will lead to preservation of OM and so contribute to the
formation of source rocks in evaporitic environments. We also suggest that other proposed
scenarios for OM preservation, including sabkha progradation burying organic-rich tidal-flatlagoonal facies, lagoonal lime muds rapidly transgressing over organic-rich tidal-flat
sediments, or whitings (Kendall and Alsharhan, 2012) are important explanations for the
formation of source rocks in such settings.
6.   Conclusions
The microbial composition of Mesaieed mesohaline microbial mats has been inferred
from a combination of optical microscopic, previously published genetic analyses on related
mats and lipid biomarker abundances. The mat biomass is composed predominantly of
cyanobacteria, purple sulphur and purple non-sulphur bacteria, halophilic bacteria, and
sulphate-reducing bacteria, consistent with a diverse suite of bacterial lipids (phytene,
hopanoids, FAs, DAGEs, and brGDGTs). Biomarkers reveal other microbial inputs,
particularly Thaumarchaeota and methanogens (iGDGTs, archaeol). Allochthonous biomass
components are represented by Halodule seagrass, dinoflagellate (and other algal) biomarkers
and perhaps brGDGTs and HMW n-alkyl lipids. All data reveal that the Mesaieed mat is
characterised by photoautotrophy in the upper layers, anaerobic heterotrophy (especially
sulphate reduction) in underlying layers and methanogenesis in the deepest layers (below 3
cm). The mat profiles also provide insight into early diagenetic processes associated with the
degradation of OM by sulphate reduction and methanogenesis. This includes loss of TOC, an
increase in C/N ratios due to selective preservation of EPS, alteration of biomarkers (i.e.
sterols to stanols), and the precipitation of Mg-rich carbonates. Crucially, the Mesaieed mat is
evidently characterised by rapid degradation of OM resulting in a very low contribution of
OM, indicating that additional processes, such as mineral precipitation or burial by lime mud
in the Arabian Gulf, are crucial to ensuring the preservation of OM – and by extension the
formation of hydrocarbon deposits.
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Fig. 1. Google Earth image (2013) of study area (N 25°3'3.29" E 51°36'41.82") and details of
lagoon and microbial mat in northern part of Mesaieed.

Fig. 2. Sample of a mesohaline microbial mat from Mesaieed, eastern Qatar, showing colour
zonation of the layers studied. Sampling intervals for biomarkers (filled circles),
microbiology (open circles), pore water chemistry (triangles), palynology (stars), bulk
chemistry (squares) and carbon and oxygen isotopes (open triangles) are shown. SRB –
sulfate-reducing bacteria.
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Fig. 3. (a) Salinity, temperature, pH and dissolved O2 measured in situ. Grey band represents
microbial mat; (b) PCO2 and saturation indices (SI) with respect to aragonite, calcite,
dolomite and gypsum.
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Fig. 4. SEM photographs of material left on glass slide, deposited out of suspension, after
OM of mat dissolved in sodium hypochlorite. (a) and (b) – Spheroids of various shapes and
sizes, with smooth surface. (c) – Curious elongate assemblage of nested shapes, probably a
halophilic bacterium. (d) – dumbbell shaped carbonate particles with a wheat sheaf
arrangement of crystallites at the end, scale bar 2 µm.

Fig. 5. TOC, C/N, TN, TS and TP distributions in Mesaieed microbial mat and carbonate
mud.

C  

Fig. 6. Partial TIC chromatogram of neutral apolar fractions from layers within the upper 2
cm of the Mesaieed microbial mat, showing n-alkanes (solid dots, with numbers denoting
carbon chain length) and other major hydrocarbons (IS, internal standard). Several isomers of
phytadienes are observed.
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Fig. 7. Partial TIC chromatogram of neutral polar fraction of mat from depth of 0.8 cm,
showing sterols (filled circles), stanols (open circles) and hopanoids (filled squares). IS,
internal standard; a, cholest-5-en-3β-ol; b, 5α-cholestan-3β-ol; c, 24-methylcholesta-5,22Edien-3β-ol, d, 24-methylcholest-5-en-3β-ol; e, 24-methyl-5α-cholestan-3β-ol; f, 24ethylcholesta-5,22E-dien-3β-ol; g, 24-ethylcholest-5-en-3β-ol; UH, unknown hopanoid.

Fig. 8. Distributions of (a) ΣC27-28 stanols and dinostanol, ΣC27-29 sterols and dinosterol; (b)
ΣC20-C31 n-alkanes and ΣC22-C30 n-alkanols; saturated, unsaturated and branched PLFAs (c),
GLFAs (d) and FFAs (e); (f) DAGEs (C15/C16; C16/C17), Σ(C30-32 hopanols), unknown
hopanoid, C32 bishomohopanoic acid, Σ(C27-31 hopanes + C28-31 hopenes + diploptene); and
(g) squalene and archaeol within Mesaieed microbial mat.
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Fig. 9. Summed glycolipidic and phospholipidic isoprenoid (GDGT-0 to GDGT-4 and
crenarchaeol) and branched (Ia-IIIa) GDGT distributions with depth from Mesaieed
microbial mat.
Table 1
Stable isotope data (‰ PDB) for carbonate from within the microbial mat and from the
sediment below.
δ13C

δ18O

0-0.2

-2.94

-2.08

0.8-1

-2.04

-1.05

1-2

-1.93

-0.08

5

1.61

1.01

6

1.49

0.54

Depth (cm)
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Table 2
Carbon preference index (CPI) and concentrations (µg/g TOC) of hydrocarbons
(hydrocarbons > 3 cm depth were not detected) vs depth (cm). nd – not determined.
Depth

n-Alkanesa

0-0.2

7.5

11.2

2.1

0.3-0.8

6.95

0.5

0.8-1

16.73

1-2
2-3
3-4
a

Sterolsb

Stanolsc

Hopanolsd

Diploptene

UHe

CPI

2.3

11.02

0.5

0.76

1.32

nd

0.5

2.7

2.1

10.37

0.68

1.36

2.71

2.34

1.7

0.1

0.3

6.4

13.34

0.67

2.42

6.08

23

0.8

nd

nd

nd

nd

0.43

0.03

0.2

nd

3.03

nd

4

0.1

0.01

0.5

8.29

1.27

1.45

3.07

2.21

0.9

nd

nd

nd

nd

nd

nd

nd

nd

nd

nd

Phytene

Phytane

b

Squalene

c

d

e

ΣC16-31; ΣC27-29 + dinosterol; ΣC27-29 + dinostanol; ΣC30-32; unknown hopanoid.

Table S1
TOC and total bulk values for N, S, H and P as well as TOC vs N ratio in Mesaieed microbial
mat.
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Depth
(cm)

TOC
(%)

0-0.1

9.8

0.2-0.3

N

S
(%)

P
(%)

C/N

1.3

1.2

0.25

7.7

8.7

1.0

0.8

0.5

8.3

0.3-0.8

9.8

1.2

0.5

0.3

7.8

0.8-1

9.3

1.0

0.5

0.3

9.3

1-2

8.6

1.0

0.2

0.3

8.7

2-3

8.9

1.1

0.3

0.3

8.4

3-4

4.7

0.3

0.1

0.3

14.6

4-5

1.0

<0.1

0.1

0.3

>10

(%)

